Abstract Survival of tissue engineered constructs after implantation depends heavily on induction of a vascular response in host tissue, promoting a quick anastomosis of the cellular graft. Additionally, implanted constructs typically induce fibrous capsule formation, effectively preventing graft integration with host tissue. Previously we described the development of a high density microtemplated fibrin scaffold for cardiac tissue engineering applications with tunable degradation and mechanical properties which promoted seeded cell survival and organization in vitro (Thomson et al., Tissue Eng Part A, 2013). Scaffold degradation in vitro was controllable by addition of the serine protease inhibitor aprotinin and/or the fibrin crosslinker Factor XIII (FXIII). The goal of this study was to assess host tissue responses to these fibrin scaffold formulations by determining effects on scaffold degradation, angiogenic responses, and fibrous capsule formation in a subcutaneous implant model. Aprotinin significantly decreased scaffold degradation over 2 weeks of implantation. A significant increase in capillary infiltration of aprotinin implants was found after 1 and 2 weeks, with a significantly greater amount of capillaries reaching the interior of aprotinin scaffolds. Interestingly, after 2 weeks the aprotinin scaffolds had a significantly thinner, yet apparently more cellular fibrous capsule than unmodified scaffolds. These results indicate aprotinin not only inhibits fibrin scaffold degradation, but also induces significant responses in the host tissue. These included an angiogenic response resulting in increased vascularization of the scaffold material over a relatively short period of time. In addition, aprotinin release from scaffolds may reduce fibrous capsule formation, which could help promote improved integration of cell-seeded scaffolds with host tissue.
Introduction
An ideal scaffold for tissue engineering can support cell seeding and survival, promote tissue-level organization, have mechanical properties matching those of the target tissue, and induce a positive angiogenic response from host tissues [1] [2] [3] . Implantation of any material initiates an inflammatory response from the host tissue, which is characterized by a coordinated and complex series of cellular events intended to heal the wound. The normal host response to constructs implanted for any significant amount of time is to deposit a fibrous capsule of collagen around the implant, known as the foreign body response, which can impede vascularization and integration with host tissue [4] . Therefore, the development of biomaterials that can promote a more physiological healing response by decreasing fibrous capsule formation and inducing vascularization could improve the success of tissue engineered implants.
The ability to induce vascularization and anastomosis with the host tissue is critical for the survival of graft cells being delivered in tissue engineered constructs, especially for cells with high metabolic demand such as cardiomyocytes, and is a major factor in the extent of graft integration with the host tissue [3] . A variety of scaffold materials have been investigated for their ability to promote vascular infiltration of implants, but a sufficient extent of graft vascularization is still one of the main challenges in tissue engineering [3, 5, 6] . Recently we reported on microtemplated high density fibrin scaffolds for cardiac tissue engineering applications [1] . Fibrinogen is a 340 kDa protein which circulates in the bloodstream and which is arranged in three distinct domains (2 outer D-domains, and an inner E-domain). In the event of tissue injury, activated thrombin cleaves fibrinogen into fibrin monomers. These monomers auto polymerize into fibrin fibrils, which aggregate into a fibrin mesh and are further stabilized by factor XIII (FXIII) crosslinking. This crosslinked fibrin forms the major protein component of blood clots. Fibrin is naturally degraded by the serine protease plasmin, which is formed from its precursor plasminogen by the action of tissue plasminogen activator (t-PA) or urokinase-like plasminogen activator (uPA). Degradation of fibrin by plasmin leads to the formation of various fibrin degradation products (FDPs), including D-dimers, fibrin D-fragments, and fibrin E-fragments [7, 8] . These FDPs have been shown to induce angiogenesis in vivo [7] , and are naturally cleared by the body [2, 9] .
Fibrin has been used by many groups as a hydrogel scaffolding material to deliver cells due to its natural cell adhesive properties, tunable architecture, and non-toxic degradation products [2, [10] [11] [12] [13] [14] . Fibrin has been shown to improve survival of transplanted cells [15, 16] , induce neovascularization and reduce infarct expansion when injected into ischemic myocardial tissue [14, 15, 17, 18] . The need for a scaffolding material that can promote a favorable angiogenic response from the host tissue is significant in the field of tissue engineering, and fibrin is a promising biomaterial for this type of application. One issue with using fibrin for certain tissue engineering applications is the low mechanical strength of a fibrin hydrogel [2, 19] . Increasing the density of fibrinogen used to form the fibrin gel has been shown to increase mechanical strength [2] . In order to match the stiffness of some tissues (such as cardiac muscle), an extremely high concentration of fibrinogen is needed. However, these high concentration fibrin gels are too dense for cells to penetrate and are therefore not ideal for use as cell delivery vehicles.
To address this issue, our group developed a microtemplating technique for high density fibrin which allows fabrication of fibrin scaffolds with much higher stiffness than fibrin gels, while maintaining void space in the form of microchannels and an interconnected microporous network to promote high density cell-seeding and nutrient exchange within scaffolds [1] . The addition of a high concentration of FXIII and aprotinin (a serine protease inhibitor), alone and in combination, were previously tested to determine their effects on scaffold stiffness and degradation in vitro. Significant differences were found in the rate of degradation between scaffold modification groups in these in vitro studies [1] , which indicated the potential for scaffold modifications to alter the in vivo degradation profile of our microtemplated fibrin.
The main goal of this study was to assess whether different scaffold modifications would induce different tissue responses by evaluating these high density microtemplated fibrin scaffold formulations in a subcutaneous implant model. Parameters that were investigated include the rate of scaffold degradation, the extent of host angiogenic response to scaffolds, the distribution of infiltrating vasculature within implants, and the effects on fibrous capsule formation around scaffolds over a 2 week implantation period.
Materials and methods

Fibrin scaffold construction
Scaffolds were constructed according to previously published methods [1] . Briefly, optical fibers (Paradigm Optics, Vancouver, WA) with a 60 lm diameter inner polycarbonate (PC) core and a 30 lm thickness poly (methyl methacrylate) (PMMA) outer shell were bundled and sintered at 145°C overnight to form a solid PMMA matrix containing PC cores spaced 60 lm apart. After sectioning into 1-3 mm length disks and immobilizing the ends of the PC cores with cyanoacrylate, the PMMA matrix was selectively dissolved with xylene washes over 5 days. The resulting void space around the PC cores was filled with PMMA microbeads (27 lm diameter, Microbeads, Skedsmokorset, Norway) via sonic sifting, and the beads were sintered in place at 180°C for 24 h to obtain a pore neck diameter 50 % of the bead diameter. This polymer template was infiltrated with a 200 mg/mL fibrinogen solution (bovine fibrinogen Type 1-S, Sigma-Aldrich, St. Louis, MO; in 0.9 % NaCl) via centrifugation. Thrombin solution (13.25 U/mL thrombin, Sigma-Aldrich, St. Louis, MO; 8.3 mM CaCl 2 ; DMEM, Gibco, Grand Island, NY) pre-warmed to 37°C was used to polymerize the fibrinogen into fibrin around the polymer template overnight at room temperature. The polymer template was dissolved with two 24 h washes in a 90 % dichloromethane/10 % hexanes solution followed by a 24 h acetone wash at room temperature. Scaffolds were treated with 100 % ethanol rinses for 1 week before rehydration with a graded ethanol series into sterile phosphate-buffered saline (PBS).
Scaffold modifications
Additional cross-linking of fibrin scaffolds was achieved by adding human Factor XIII (FXIII, 100 lg/mL, Innovative Research, Novi, MI) to the fibrinogen solution before centrifugation into polymer templates. Inhibition of scaffold degradation by proteases was tested by adding the serine protease inhibitor aprotinin (3,000 U/mL, SigmaAldrich, St. Louis, MO) to the fibrinogen solution. These scaffold modifications were tested alone and in combination with each other to determine their effects on in vivo degradation and tissue responses to the fibrin scaffolds.
Acellular scaffold subcutaneous implants
After rehydration and equilibration in sterile PBS, acellular fibrin scaffolds (unmodified, FXIII, aprotinin, and FXIII ? aprotinin) were cut into 2 mm diameter 9 3 mm length cylinders for subcutaneous implantation and kept in sterile PBS at 4°C until use. All animal procedures were conducted in accordance with the US National Institutes of Health Policy on Humane Care and Use of Laboratory Animals and were approved by the University of Washington (UW) Animal Care Committee. Rats were housed in the Department of Comparative Medicine at UW and cared for in accordance with the UW Institutional Animal Care and Use Committee (IACUC) procedures. Adult male Fischer 344 rats (200-300 g) were anesthetized with isoflurane before implantation following previously described procedures by our group [20] . Briefly, rats (n = 12) received 4 subcutaneous hindlimb implants (2 on each side), one from each scaffold modification group. Sterile scaffolds were implanted into subcutaneous pockets in the left and right hindlimb regions. Rats were euthanized via pentobarbital overdose (120-150 mg/kg) administered via IP injection at endpoints of 7 and 14 days (n = 6 per time point), after which subcutaneous implants with an area of tissue surrounding the suture site were retrieved. This method of euthanasia is in accordance with recommendations of the Panel on Euthanasia of the American Veterinary Medical Association.
Sample preparation and histology
Subcutaneous implants were immediately immersion-fixed in Methyl Carnoy's fixative after retrieval. Samples were processed, embedded in paraffin, and sectioned (5 lm) for histology. Cross-sections were cut from the center (midpoint sections) and both distal ends of samples (approximately 200-300 lm apart), and serial sections were stained with Masson's trichrome, picrosirius red, and with immunohistochemical staining using methyl green as the nuclear counterstain. Immunostaining was performed with primary antibodies against rat endothelial cell antigen (RECA-1, mouse anti-rat (1:10), AbD Serotec, Raleigh, NC) and macrophage marker CD68 (mouse anti-rat (1:100), AbD Serotec, Raleigh, NC). Samples were then labeled with a biotinylated secondary antibody (horse anti-mouse (1:400), Vector, Burlingame, CA) and developed with DAB (Sigma-Aldrich, St. Louis, MO).
Histological analysis
Histological analysis of subcutaneous implants was performed using ImageJ analysis software v1.46 (NIH, Bethesda, MD, USA). All analyses were performed on midpoint and distal end sections (3-4 sections/sample) and then averaged for each sample unless otherwise noted. All samples were imaged and analyzed in a blinded fashion. The cross-sectional area of implant remaining was determined from Masson's trichrome staining. The density of RECA-1 ? lumen structures (capillaries) was determined both within scaffold implants and in an area of tissue between the scaffold and the outer edge of the fibrous capsule on the skin side of implants, and normalized to area (mm 2 ). Only midpoint sections were used for analysis of capillary density in day 14 samples due to the extent of scaffold degradation in these end sections. The percent area of CD68? staining was determined by thresholding images of CD68 stained samples using ImageJ, and then averaging the percent positive area for 3 separate fields of equal size (at 209 magnification) within each scaffold section while avoiding the edges of the implants, as well as in an area of tissue between the scaffold and the outer edge of the fibrous capsule on the skin side of implants. Fibrous capsule thickness was determined from Masson's trichromestained sections by taking 4 measures of capsule thickness on the skin side of the implant in each section. Capsule location and thickness measurements were verified with picrosirius red-stained samples, both with bright field and polarized light imaging using previously described protocols [21] . In order to measure fibrous capsule cellularity, an area of capsule on the skin side of implants was analyzed for the total number of cells (all nuclei) and normalized to area (mm 2 ).
Vascular distribution analysis
To assess whether aprotinin scaffolds induced vascular infiltration to a greater extent than unmodified fibrin, a vascular distribution analysis was done on RECA-1 stained images using ImageJ and Adobe Illustrator. An outline of the remaining scaffold in cross-section was drawn in
ImageJ and used to calculate the centroid. A vector outline of the remaining scaffold area was then re-drawn using Adobe Illustrator, and resized around the centroid to delineate three concentric rings, each one-third of the distance between the centroid and the initial outline. The number of RECA-1 ? capillaries within each ring was counted, and the percentage of total capillaries in each ring was calculated.
Statistical analysis
All values are reported as mean ± SEM. When comparing multiple scaffold modification groups, statistical significance from unmodified scaffolds was determined with a one-way ANOVA test using the Dunnett method. When comparing aprotinin and unmodified scaffold groups to each other, statistical significance was determined using a paired Student's t test with p \ 0.05 considered significant.
Results
Aprotinin decreases scaffold degradation in vivo
The cross-sectional area of implants remaining after 7 and 14 days of implantation was used to indicate extent of scaffold degradation in the subcutaneous implant model. No significant difference in cross-sectional area was found between scaffold groups at the 1 week time point, with the remaining scaffold areas averaging approximately 1.4-1.5 mm 2 (cross-sectional area of implants on day 0 was calculated to be 3.1 mm 2 ). However, at the 2 week time point a significantly greater amount of scaffold was found for the groups containing aprotinin. While unmodified and FXIII scaffolds were almost completely degraded by this time (0.042 ± 0.01 and 0.010 ± 0.007 mm 2 , respectively), aprotinin and FXIII ? aprotinin scaffolds were significantly less degraded (0.30 ± 0.05 and 0.25 ± 0.04 mm 2 , respectively) (Fig. 1a) . Representative Masson's trichrome images of day 14 unmodified and aprotinin scaffold midpoint sections are shown in Fig. 1b , c.
Aprotinin scaffolds increase angiogenic response
To assess effects on host tissue angiogenic response to the four scaffold modification groups, samples were analyzed for total number of RECA-1 ? capillaries per area of scaffold, as well as extent of macrophage infiltration ( % CD68? area). A significantly greater number of capillary lumen structures were found in aprotinin scaffolds after 7 days of implantation (200 ± 40 lumens/mm 2 ) as compared to any other scaffold group at this time point (36 ± 30 lumens/mm 2 for unmodified scaffolds, 27 ± 10 lumens/mm 2 for FXIII scaffolds, and 23 ± 10 lumens/mm 2 for FXIII ? aprotinin scaffolds), as shown in Fig. 2a .
Representative images of the vascularization response in 7 day unmodified and aprotinin implants are shown in Fig. 3 . In Fig. 3e red blood cells can be seen within the larger diameter capillaries in the scaffold channels. This occurred in approximately 50-75 % of these vessels in each section, and in all sections in which these larger diameter capillaries were found (data not shown). The vascular density within scaffolds significantly increased by the 14 day time point, with a significantly greater number of RECA-1 ? capillary structures in aprotinin scaffolds 
(1,300 ± 100 lumens/mm 2 ) as compared to unmodified scaffolds (570 ± 300 lumens/mm 2 ), as shown in Fig. 2b . To determine whether these differences might be attributed to a differing host response in the surrounding tissue, the number of capillaries in an area of tissue surrounding the scaffolds was also assessed. No significant differences in capillary density were found in the surrounding tissue at day 7 (Fig. 2c) . Surprisingly, at the 14 day time point a significantly lower number of lumen structures per area were found in the tissue surrounding aprotinin scaffolds (3,000 ± 100 lumens/mm 2 ) as compared to unmodified scaffolds (4,000 ± 300 lumens/mm 2 ) (Fig. 2d) . The percent area of CD68? staining was determined for 7 day unmodified and aprotinin scaffold implants, both from the interior of the implant material (excluding edge regions) and in an area of tissue surrounding the implant. A significantly greater amount of CD68? staining was found within aprotinin scaffold implants (8.6 ± 0.5 % CD68? area) as compared to unmodified scaffold implants (6.2 ± 0.3 % CD68? area) (Fig. 4a) . In contrast, a significantly lower amount of CD68? staining was found in the surrounding tissue for aprotinin scaffold implants (27 ± 2 % CD68? area) as compared to unmodified scaffold implants (36 ± 1 % CD68? area) (Fig. 4b) . Representative images of CD68? staining in unmodified and aprotinin implants and the resulting threshold level used for analysis are shown in Fig. 4c, d , e, f.
Aprotinin induces vascular infiltration of scaffolds
To assess whether aprotinin scaffolds were inducing lumen structure infiltration further into the interior regions of implants, a vascular distribution analysis was performed on day 7 unmodified and aprotinin samples (Fig. 5a ). For midpoint sections, a significantly greater average number of capillary structures were found in the outer and middle rings of aprotinin scaffolds when compared with unmodified scaffolds [41 ± 20 lumens (outer ring) and 5.2 ± 3 lumens (middle ring) for aprotinin scaffolds; 3.0 ± 1 lumens (outer ring) and 0.0 ± 0 lumens (middle ring) for unmodified scaffolds] (Fig. 5b) . Representing these values as percentages of the total number of lumens found within the implants, approximately 72 % of lumens were found in the outer ring, 20 % in the middle ring, and 8 % in the inner ring for midpoint sections of aprotinin scaffolds. For unmodified scaffolds, 100 % of capillary lumen structures were found in the outer ring. In contrast to the results for midpoint sections, no significant differences in capillary distribution were found in distal end sections for unmodified and aprotinin scaffolds at this time point (Fig. 5c) . 
Fibrous capsule thickness is reduced by aprotinin scaffolds
Fibrous capsule thickness was measured for unmodified and aprotinin scaffolds at the 7 and 14 day time points (Fig. 6a ) from trichrome stained sections, and results were confirmed with picrosirius red staining. No significant difference in capsule thickness was seen between unmodified and aprotinin scaffolds at the 7 day time point. However, after 14 days of implantation aprotinin scaffolds showed significantly thinner fibrous capsules (0.064 ± 0.003 mm) when compared to unmodified scaffolds (0.11 ± 0.004 mm). In addition, unmodified scaffold capsule thickness significantly increased from day 7 to day 14, while the capsule thickness surrounding aprotinin scaffolds significantly decreased between time points. Representative picrosirius red staining of 14 day unmodified and aprotinin scaffolds demonstrating the differences in fibrous capsule thickness are shown with both bright field (Fig. 6c, d ) and polarized light imaging (Fig. 6e, f) . Capsule cellularity was investigated by determining the total number of cell nuclei in a selected area of capsule on the skin side of implants for unmodified and aprotinin scaffold groups (Fig. 6b) . No significant difference was found in the number of cells per area of capsule for these two scaffold groups at the 7 day time point (6.1 9 10 4 ± 0.6 9 10 4 cells/mm 2 for unmodified scaffolds, 5.4 9 10 4 ± 0.8 9 10 4 cells/mm 2 for aprotinin scaffolds). However, although not statistically significant, there appears to be a greater number of cells per area of capsule surrounding aprotinin implants after 14 days (3. (1.1 9 10 4 ± 0.07 9 10 4 cells/mm 2 ). Capsule cellularity for both of these scaffold groups decreased from 7 to 14 days.
Discussion
Aprotinin is a broad spectrum 6.5 kDa competitive serine protease inhibitor naturally derived from bovine lung tissue, and has well-known anti-fibrinolytic properties as an inhibitor of plasmin [22] [23] [24] . Due to this ability to prevent fibrin clot degradation aprotinin has been used as a haemostatic agent during cardiac surgical procedures [25, 26] and as a component of fibrin glues and tissue sealants [27] [28] [29] . In addition, many groups have demonstrated slowed degradation of fibrin hydrogels with the addition of aprotinin to the culture media [23, 24, 30] or into the fibrin material itself [29, 31] . Aprotinin was utilized to modify fibrin scaffold degradation properties in vitro in a recent study by our group, in which we demonstrated its addition to high density microtemplated fibrin scaffolds was able to significantly increase scaffold stiffness retention when compared to unmodified fibrin scaffolds or scaffolds with additional FXIII crosslinking alone [1] .
One of the goals of modifying our fibrin material was to try and extend the lifetime of the scaffold after implantation, as unmodified fibrin scaffolds were found to degrade very quickly both in vitro and in vivo [1] . In this study, four different fibrin scaffold modification groups were evaluated in our subcutaneous implant model. The amount of scaffold cross-sectional area remaining was measured after 1 and 2 weeks of implantation, and the results showed significantly more scaffold area remaining after 14 days in both scaffold groups containing aprotinin. This follows with the well-established role of aprotinin as an inhibitor of fibrin degradation, and indicates that aprotinin can be loaded into the microtemplated fibrin, retains its function during scaffold processing procedures, and is subsequently released in active form into the surrounding tissue. The stability of the aprotinin molecule against many forms of denaturation is attributable to its highly compact tertiary protein structure [32, 33] , which accounts for the retention of its protease inhibitor activity even after organic solvent processing of the scaffolds during template removal. Despite the significant reduction in scaffold degradation seen in the presence of aprotinin, there was still a large overall reduction in scaffold area over the 2 week implantation period. These fibrin scaffolds are intended for use as a degradable delivery vehicle for graft cells, and were therefore designed to have a target degradation time of approximately 2-4 weeks in order to balance early mechanical support of graft cells with the increasing deposition of new ECM as cells integrate with the host tissue. The results of this study indicate the addition of aprotinin promoted scaffold retention to fit within this desired time frame.
Previous studies have shown pore size can have a significant effect on the extent of vascular infiltration of biomaterial scaffolds, and observed the greatest extent of vascularization in scaffolds with an average pore size of 35 lm [34] . In addition, the natural degradation products of fibrin have been shown to promote angiogenesis [8, [35] [36] [37] . We therefore expected our fibrin scaffolds would be able to elicit a vascular response from the host tissue even at the relatively early time point of 7 days due to the 27 lm diameter porous architecture and release of fibrin degradation products. Interestingly, aprotinin scaffolds induced a significantly greater average number of capillary structures infiltrating the microtemplated fibrin implants at both the 7 and 14 day time points compared to unmodified implants. Even at the relatively early time point of 7 days, evidence of red blood cells was found in the majority of large diameter capillaries within scaffold channels, suggesting these vessels are able to support blood flow within the fibrin scaffolds. Aprotinin scaffolds also induced vascularization further into the interior regions of implants than did unmodified scaffolds, as shown by the results of the concentric rings analysis on day 7 implants. It is possible that the pro-angiogenic effect of aprotinin results from the longer persistence of the pro-angiogenic scaffold architecture. Alternatively, aprotinin may have direct proangiogenic results in this system as well. Further studies will be required to resolve this point.
In support of a direct pro-angiogenic function, aprotinin has been shown to induce angiogenesis in a chicken embryo chorioallantoic membrane assay, as well as induce endothelial cell activation and migration in vitro [22, 38] . One proposed mechanism by which it may promote angiogenesis is by the inhibition of angiostatin generation by platelets [38, 39] . Angiostatin induces apoptosis in and inhibits migration of endothelial cells [39] , and is formed by the auto-proteolysis of plasmin [38] . As an inhibitor of serine proteases (including plasmin), aprotinin has been shown to inhibit angiostatin generation by platelets and subsequently induce an increased angiogenic response [38] . Another mechanism by which aprotinin might be affecting the angiogenic response is by increasing levels of the growth factor pleiotrophin, which directly induces endothelial cell migration [22] . Aprotinin has been shown to increase levels of pleiotrophin both by inhibiting its degradation by plasmin and by inducing its expression via transcriptional activation of the pleiotrophin gene [22] . Since aprotinin is a relatively small molecule that can freely diffuse out of lower density fibrin hydrogels [29] , we hypothesized that in our high density fibrin constructs aprotinin molecules would be entrapped within the dense fibrin network and released as the scaffold was degraded.
One effect observed in this study was that additional FXIII crosslinking prevented the increase in angiogenic response seen in the presence of aprotinin, as no increase in the number of infiltrating lumen structures was seen in scaffolds containing both aprotinin and FXIII compared to unmodified scaffolds at the 7 day time point. It is possible that the additional FXIII crosslinking affects the release of aprotinin within scaffolds, or that it alters the release of fibrin degradation products. These potential mechanisms are supported by the fact that the remaining scaffold area was not significantly different between aprotinin and FXIII ? aprotinin scaffold groups, yet the angiogenic response within scaffolds was significantly different. The results of this study, along with recently published in vitro degradation data on these scaffold formulations, support our hypothesis [1] .
When the macrophage response was investigated, a significantly greater amount of CD68? staining was found within aprotinin implants as compared to unmodified scaffolds at the 7 day time point. Macrophages coordinate the foreign body response and induce the infiltration of other cell types into the wound, including fibroblasts and endothelial cells [40] . Therefore, an increased amount of macrophage infiltration into aprotinin implants correlates with the increased vascularization response seen in this implant group. Interestingly, when the vascular and macrophage responses in the tissue surrounding implants were investigated, aprotinin implants showed significant decreases in these cell types as compared to unmodified scaffolds (decreased CD68? area at 7 days, decreased RECA-1 ? lumen structures at day 14). Additionally, aprotinin implants had significantly thinner (but apparently more cellular) fibrous capsules at the day 14 time point compared to unmodified scaffolds. These results indicate aprotinin release from the fibrin material may be affecting the inflammatory and wound healing responses to the scaffold implants.
As neutrophils and later monocytes/macrophages are recruited to the site of healing, they release both pro-(including TNF-a, IL-1, and IL-6) and anti-inflammatory (including IL-10) cytokines which coordinate the wound healing response [41, 42] . Aprotinin has been shown to induce expression of anti-inflammatory cytokines, which in turn inhibit release of pro-inflammatory cytokines from both macrophages and neutrophils [41, 43] . In addition, aprotinin inhibits expression of endothelial cell receptors for neutrophils (ICAM-1) [41, 43] and inhibits production of pro-inflammatory cytokines which attract neutrophils [44] , and therefore decreases accumulation of these inflammatory cells at the site of wound healing. Previous studies by our collaborators showed an increase in antiinflammatory macrophages (M2 phenotype) within and around microporous implants when compared to nonporous implants, and that this macrophage switch corresponded with an increased extent of porous implant vascularization [40] . An increase in M2 macrophage phenotype has also been associated with improved tissue remodeling and host response to implanted scaffolds [45] . One potential explanation for the results found in this study could be that aprotinin is inducing a differential macrophage phenotype profile, which would affect the overall cellular responses and remodeling in the tissue surrounding implants. Future studies will investigate the macrophage response to implanted constructs to determine if this type of macrophage polarization is occurring.
An interesting finding of this study was the decreased capsule thickness found for aprotinin implants at the 14 day time point when compared to unmodified scaffolds. While fibrin is known to attract fibroblasts and stimulate their proliferation and collagen secretion during normal wound healing, fibrin sealants (which typically contain aprotinin) have been shown to decrease tissue fibrosis and scar formation in vivo [28] . Transforming growth factor beta (TGF-b) is one of the main factors responsible for promoting fibroblast proliferation and subsequent collagen deposition by these cells during wound healing [28] , and is produced by different cell types including macrophages and epithelial cells [46] . Aprotinin has been shown to completely inhibit the activation of TGF-b, and therefore reduce tissue fibrosis and capsule formation in vivo [46, 47] . Therefore, a potential explanation for the reduced fibrous capsule thickness observed surrounding our aprotinin implants is the interaction of aprotinin with TGF-b activation via this pathway, resulting in decreased collagen deposition by fibroblasts.
A potential limitation of this study design is that the four implant sites (2 per hindlimb) were the same for each animal, and the scaffold type in each implant location was the same across all animals. The blood supply to subcutaneous tissues has been shown to differ between forelimb and hindlimb locations [48] , and perfusion of different muscles also differs [49] . In this study, all implants were placed in the same region of the upper hindlimb subcutaneous tissue to normalize for differences in blood flow and perfusion in different limbs or regions of the hindlimb. Future studies in which the scaffold types are placed in multiple implant locations are needed to determine if the effects seen in this study vary with implant site.
In this study we have described the host tissue responses to different modifications of our high density microtemplated fibrin scaffolds. The addition of the protease inhibitor aprotinin significantly decreased implant degradation and significantly increased vascular and macrophage infiltration of scaffolds. Additionally, aprotinin release from scaffolds decreased the extent of inflammation in the surrounding tissue, and promoted the formation of a thinner and more cellular fibrous capsule. Future studies will further investigate the host cell responses to aprotinin scaffolds, and eventually determine their effect on cellseeded scaffold integration with host tissues.
